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ABSTRACT: Recently, the scientific community has shown
considerable interest in engineering tissues with organized
compositional and structural gradients to mimic hard-to-soft
tissue interfaces. This effort is hindered by an incomplete
understanding of the construction of native tissue interfaces.
In this work, we combined Raman microscopy and confocal
elastography to map compositional, structural, and mechanical
features across the stiff-to-compliant interface of the attach-
ments of the meniscus in the knee. This study provides new
insight into the methods by which biology mediates multiple
orders of magnitude changes in stiffness over tens of microns.
We identified how the nano- to mesoscale architecture
mediates complex microscale transitional regions across the
interface: two regions defined by chemical composition, five distinguished by structural features, and three mechanically distinct
regions. We identified three major components that lead to a robust interface between a soft tissue and bone: mobile collagen
fiber units, a continuous interfacial region, and a local stiffness gradient. This tissue architecture allows for large displacements of
collagen fibers in the attachments, enabling meniscal movement without localizing strains to the soft tissue-to-bone interface.
The interplay of these regions reveals a method relying on hierarchical structuring across multiple length scales to minimize
stress concentrators between highly dissimilar materials. These insights inspire new design strategies for synthetic soft tissue-to-
bone attachments and biomimetic material interfaces.

KEYWORDS: enthesis, soft tissue-to-bone interface, tissue gradients, mechanical properties, Raman spectroscopy, elastography,
mapping

■ INTRODUCTION

A host of recent studies have focused on the challenges of
engineering interfaces that integrate stiff and compliant
materials for biological applications.1−11 In contrast to typical
material interfaces, biological interfaces can mediate multiple
orders of magnitude changes in stiffness over tens of
microns.14−20 A subset of these interfacial tissue systems,
called entheses, are found at the ends of ligaments, tendons,
and the meniscus. Entheses anchor these structures to bone,
making them essential musculoskeletal junctions that provide
motion and stability in the body. Specifically, the meniscus acts
as a shock absorber, redistributing high axial loads that develop
in the knee into radial strains within the meniscal tissue.21 It is
able to perform this function through its entheses, which bind
the meniscus to the bone. The large change in stiffness
between these materials, ∼100 kPa in the meniscus to ∼20
GPa in the bone, is manifested in similarly steep changes in
local tissue strains.22,23 Typical engineered material interfaces,

as well as some biological materials, utilize gradual changes in
stiffness, on the order of millimeters, to minimize stress
concentrations.12,13 Entheses lack these long-range stiffness
gradients, indicating that stress mitigation must occur through
a different mechanism.20 Elucidating these mechanisms
requires high-resolution imaging of structure and composition
coupled with spatially resolved maps of the mechanics at a
similar resolution. Here, we integrate data from Raman
microscopy and confocal elastography to provide a multimodal
picture of the microscale function of the meniscal enthesis.
Biological characterization of entheses using histological

analysis has revealed four distinct regions: bone, calcified
fibrocartilage, uncalcified fibrocartilage, and ligamentous
tissue.24,25 These regions vary in composition, structure, and
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mechanics,14−19,26 but the link between the composition and
structure of the tissue and the mechanical behavior of the
enthesis is not fully understood.16,18,20,27,28 In addition, the
previous literature has shown the presence of different
compositional features in other entheses that are not visible
through histology, such as a gradient in the mineral content at
the interface between mineralized and unmineralized
tissues.26,29,30 Structural features have also been noted, such
as the gradients in the degree of misalignment in collagen
orientation across the interface and the presence of a splayed
fibrillar region in the fibrocartilage of the enthesis, where fibers
(∼10s of microns) transition to fibrils (∼10−100s of
nanometers).16,18,31,32 Current theories suggest that movement
of individual fibers and fibrils, relating to the different
orientations of collagen across these regions, plays a prevalent
role in enthesis function.33 These examples indicate that
enthesis composition and structure are more intricate than can
be understood through histological analysis and raise the
question of the role of composition and structure in the
mechanical behavior of the enthesis. Elucidating the mecha-
nism(s) that enables this rapid change in stiffness requires an
analysis that can spatially correlate composition, structure, and
function at a scale that is relevant to the tissue.

Applying material characterization techniques to these
interfaces enables spatial correlation of compositional and
mechanical data at the microscale.34−39 For example, Raman
microscopy provides a means for producing compositional and
structural images with micrometer resolution. This technique
relies on detecting molecular vibrations to map the distribution
of unique chemical species within the sample and is capable of
detecting multiple chemical species that are intermixed at the
nanoscale.40 This type of analysis is particularly important for
hierarchically structured tissues, such as bone and entheses, as
these types of tissue rely on intimate intermixing of dissimilar
materials (e.g., apatite crystals and collagen fibrils) at the
nanoscale to function mechanically.22 Further, this technique
does not require fixation or dehydration of the tissue, allowing
for direct comparison to mechanical data.36,41−45 Confocal
elastography, which uses imaging of applied deformations on a
material to calculate spatially resolved strains, can probe
mechanical behavior of the tissue at the same microscale
resolution as Raman microscopy.46−51 Although Raman
microscopy and confocal elastography have each been used
separately to interrogate the hard and soft tissue components
of entheses,17,18,51 they have not been used in combination to
probe across the interface. Here, we combine these techniques
to examine the compositional, structural, and mechanical

Figure 1. Anatomy and structure of the meniscal enthesis. (a) Tibial plateau of a neonatal bovid. The menisci, semilunar, fibrocartilaginous discs,
situated on the lateral and medial sides of the knee joint, are anchored into the bone through their entheses. The boxed area is the approximate
location for the meniscal enthesis explant. Medial caudal entheses were used for analysis. This enthesis inserts into the tibial plateau along a sloping
interface. The angle of this sloping interface varies, so transverse planes were analyzed as pictured in remaining figures. (b) Meniscal enthesis,
flattened using a cryotome, thereby generating samples for Raman microscopy and confocal elastography that were square millimeters in cross-
sectional area dependent on anatomy. The bone is on the left of the sample and the soft tissue is on the right. (c) Picrosirius Red stain for collagen
of demineralized enthesis under white light. The sample shows the trabecular structure on the left moving through an intermediate
fibrocartilaginous region to a denser collagen region to large collagen fibers on the far right. The star indicates the fibrocartilaginous morphology,
and arrows point to collagen fibers. (d) Picrosirius Red stain of the same area of the enthesis as (c) under cross-polarized light. Color and color
intensity are correlated with collagen fiber diameter and degree of orientation.76,77 Collagen becomes oriented after crossing through the
intermediate fibrocartilage. Large, crimped fibers are visible on the far right of the image, consistent with the collagen fibers in (c). Scale bars for (a)
and (b) are 1 cm. Scale bars for (c) and (d) are 200 μm.
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properties of meniscal entheses and develop a framework for
understanding the structure−function relationship in this
tissue at the microscale.

■ RESULTS AND DISCUSSION

Enthesis Morphology Transitions from Porous Tra-
becular Bone into Large, Oriented Collagen Fibers. At
the macroscale, the fibrocartilaginous meniscus transitions to
microscale, preferentially oriented collagen fibers that insert
into the tibial plateau over a sloping, subsurface interface
(Figure 1a and the Supporting Information, Figure S1). We
explanted this area from neonatal bovids for further analysis of
this tibial insertion (Figure 1b). A morphological analysis of
the enthesis through Picrosirius Red staining for collagen
shows a transition from bony trabeculae to large, oriented
collagen fibers, where orientation is evident by color changes in
the polarized light image (Figure 1c,d). The intermediate area
between the trabecular bone and the oriented fibers contains
various interfacial regions, visible by changes in the
morphology. The trabecular pores of the bone appear to
show smaller diameters before transitioning to the fibrocarti-
laginous tissue. The intermediate area between the trabecular
bone of the tibial plateau and the oriented fibers in the bulk of
the enthesis displays a fibrocartilaginous region followed by
microscale transitions in morphology and collagen orientation
(Figure 1c,d).
To measure changes in the composition and structure that

occur across this area, Raman microscopy was used to map
large areas (∼500 μm × 4000 μm) from the bone to
ligamentous material (Figure 2). Explanted entheses were
flattened using a cryotome to facilitate optical analysis through
Raman microscopy (n = 6). These samples were placed
in phosphate-buffered saline (PBS) to maintain hydration for

all experiments performed in this study. Spectral analysis shows
a shift from the bony tissue (mineralized collagen), indicated
by the presence of the phosphate and carbonate peaks of the
carbonate-substituted apatite coupled with amide and CH
peaks consistent with collagen signatures, to soft collagenous
tissue, where the proline/hydroxyproline peaks of collagen are
no longer obscured by apatite peaks. The presence of a
lipidous material was also detected (Supporting Information,
Figure S2). Composite Raman images (Figure 2a) show a
transition from the mineralized tissue to oriented collagenous
material. The mineralized tissue has a typical trabecular
structure. The lipidous material is present in the pores of the
trabeculae, likely representing the bone marrow.44 An
intermediate region that appears similar in morphology to
the calcified fibrocartilage is observed near the interface.
Although the morphology of the enthesis exhibits some
sample-to-sample variations, the overall structure remains the
same, showing a shift from the trabecular bone through
intermediate interfacial regions to the oriented soft tissue (the
Supporting Information, Figure S3). Structural features in this
Raman composite image correlate with a confocal fluorescence
image of the same region (Figure 2b), providing spatially
resolved morphological and compositional measurements.

Transition from Mineralized to Unmineralized Tissue
Occurs through a Gradient. To quantitatively define the
compositional changes across the enthesis, mineral/matrix
peak area ratio maps were constructed from Raman data
(Figure 2c and Supporting Information, Figure S4).52,53 The
images reveal a shift from the mineralized (M) to
unmineralized (UM)a tissue through an intermediate gradient
region, similar to that observed in other entheses.17,26,30,31 The
intermediate gradient region has a length of 188 ± 56 μm (n =
6), where the tissue transitions from the mineralized to

Figure 2. Morphological and compositional analyses using Raman microscopy. (a) Representative composite Raman peak area maps of apatite
(950−980 cm−1), collagen (833−905, 1224−1296, 1439−1484, 2908−3028 cm−1), and lipid (1278−1326, 1423−1468, 2835−2870 cm−1).72,73 A
typical trabecular structure can be seen on the left side of the image transitioning to the oriented collagen on the right side of the image. The
intermediate region contains a tissue similar in appearance to the calcified fibrocartilage before crossing into the soft tissue region. (b) Confocal
fluorescence image of the same region as (a). Fluorescence is derived from 5-(4,6-dichlorotriazinyl) aminofluorescein (5-DTAF), a general protein
stain. The image is constructed from multiple stitched images. (c) The mineral:matrix image of the same region of enthesis as (a) and (b). The
mineral/matrix (950−980/1224−1296 cm−1) peak area ratio map is plotted for values from 0 to 2. Compositional regions are demarcated:
mineralized tissue (M) and unmineralized tissue (UM) with a gradient visible between the regions. Scale bars for all images are 200 μm. The asterix
indicates the location of the gradient. See Supporting Information, Figures S3 and S4 for n = 2−6.
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unmineralized collagenous tissue. The length of this gradient is
similar to the size of mineral gradients observed in ligament
and tendon entheses17,26,31 but could appear elongated in this
analysis by subsurface sloping of the interface in the meniscal
enthesis (Supporting Information, Figure S1). In addition to
the gradient region, a band where the mineral/matrix ratio is
higher than the surrounding tissue is empirically visualized
immediately prior to the gradient region, but the analysis of
secondary apatite-related peaks would be required to test the
validity of the presence of this band (Supporting Information,
Figure S4). Overall, spatial analysis of mineral/matrix ratio
images divides the enthesis into two compositionally distinct
regions connected through a gradient.
Compositional Regions of the Enthesis can be

Further Sub-divided into Structurally Distinct Regions.
To further understand the structure−function relationship of
the enthesis, we developed a method for quantifying details of
the microscale collagen architecture. Our analysis indicates the
presence of five major structural regions: open trabeculae
(M.1), dense trabeculae (M.2), a transitional region (M.3),
disorganized bundles (UM.1), and oriented fibers (UM.2)
(Figure 3). To identify the locations and transitions between
these different regions and their relation to the composition,

we used Raman images derived from spectral signatures and
registered them with our compositional data. In particular, we
used maps of the collagen-related portions of the CH peak
complex, as it shows little polarization dependence and is
sensitive to fine changes in the tissue morphology and topology
due to its high peak intensity (Figure 3a and Supporting
Information, Figure S2). To normalize these data between
multiple samples, we divided the distribution of the peak areas
of the CH peak complex for each sample into five even
quintiles and replotted these maps according to quintile
distributions (Figure 3b). Dividing the data into quintiles both
normalizes the images between samples and segments certain
structural features. For example, pores were empirically found
to fall within the first quintile. Using data from these
normalized images, a textural analysis was performed to
quantify the collagen architecture. The textural analysis
spatially binned each sample into 200 μm wide regions and
examined histograms of the distribution of pixels within those
bins. Using this method (Supporting Information, Figures S5−
S7), we identified fingerprints of structural regions based on
histogram shapes that were consistently identified across
multiple samples: open trabeculae (M.1), dense trabeculae
(M.2), a transitional region (M.3), and the remaining tissue,

Figure 3. Structural analysis using Raman microscopy. (a) Representative Raman image of the collagen-specific portion of the CH peak complex
(2908−3028 cm−1) area. The color bar is scaled from 0 to 50 000. A trabecular structure is visible on the left of the image and oriented fibers are
visible on the right. We used collagen-specific portions of the CH peak complex to map collagen content, because these are generally the largest
spectral signatures in the tissue and are sensitive to fine changes in topology and morphology. (b) Quintile-plotted image of the same area for
collagen structuring. Structural regions are demarcated: open trabeculae (M.1), dense trabeculae (M.2) (567 ± 266 μm), transitional region (M.3)
(200 ± 126 μm), disorganized bundles (UM.1) (1008 ± 367 μm), oriented fibers (UM.2). (c) Textural histogram-based analysis of collagen
structuring data. For presentation, histograms are shown as continuous lines rather than bars. Histograms are plotted per region: open trabeculae
(M.1), dense trabeculae (M.2), transitional region (M.3), remaining tissue, which was found to correspond with the unmineralized tissue (UM).
(d) Fast Fourier transform (FFT)-based analysis of orientation for the remaining tissue. FFTs are collected on a per-pixel sliding window, one third
the size of the remaining tissue, starting at the end of the transitional region (M.3). Every sixth FFT, including first and last, is plotted to show
changes in orientation between disorganized bundles (UM.1) and oriented fibers (UM.2). The demarcation for the last two regions is shown above
FFTs and is determined through the calculated orientation index. Scale bars for all images are 200 μm. See Supporting Information, Figures S5 and
S6 for n = 2−6.
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which was identified to be spatially consistent with the location
of the unmineralized tissue region (UM) (Figure 3b,c).
Open trabeculae (M.1) were distinguishable through high

frequencies in the first quintile with lower frequencies in the
fifth quintile, indicating large porous areas, as the first quintile
corresponds to little or no Raman signal. Dense trabeculae
(M.2) were distinguishable by low frequencies in the first
quintile with high frequencies in the fifth quintile, showing a
structure with lower porosity. The tissue structure shifts
through a transitional region (M.3) between the trabeculae and
the remaining tissue, distinguishable through a broad, flat
histogram. Given that these maps are derived from the same
spectral data as the compositional analysis, we can spatially
register mineralized regions, noting that the trabecular regions
and the transitional region are all mineralized, indicating
nanoscale apatitic mineral embedded in a collagen matrix. The
transitional region demarcates the trabecular structure from the
remaining tissue. Thus, our textural analysis reveals that the
compositionally derived mineralized region can be broken up

into open trabeculae (M.1), dense trabeculae (M.2), and a
transitional region (M.3).
The unmineralized region does not show distinctive trends

through textural analysis, but a visual analysis implies a change
in overall collagen orientation. To quantify this change, within
the unmineralized region, two-dimensional (2D) fast Fourier
transforms (FFTs) of a sliding window within the normalized
Raman images (Figure 3b) were collected and filtered for
analysis (Supporting Information, Figures S6, S8, and Movies
1−6). The onset of the oriented tissue was defined through an
index related to the orientation of a sliding window FFT. This
FFT analysis shows that the unmineralized tissue can be
divided into two regions: disorganized bundles (UM.1) and
oriented fibers (UM.2) (Figure 3d).
By combining these two approaches (textural and FFT

analyses), five structural regions were identified for n = 6
samples: open trabeculae (M.1), dense trabeculae (M.2) (567
± 266 μm), a transitional region (M.3) (200 ± 126 μm),

Figure 4. Mechanical analysis using confocal fluorescence elastography. (a) Representative confocal fluorescence image of the enthesis sample. (b)
Peak-to-peak Exx Langrangian finite strain map at frame 10 (peak in loading cycle) starting at the mineralized interface with the coordinate system
corresponding to the confocal fluorescence image from (a). Mineralized tissue (M) and unmineralized tissue (UM) are identified. Additionally,
within the unmineralized tissue (UM), the homogeneous compliant region (1310 ± 506 μm) and the heterogeneous compliant regions are
identified. (c) Average peak-to-peak Exx Langrangian finite strain as a function of distance from the mineralized interface at frame 10. The red line is
the average strain, and the gray region shows the standard deviation. Average strains are binned at 100 μm for clarity. (d) Average peak-to-peak Exx
Langrangian finite strain magnitude on a semilog plot as a function of distance at frame 10. Strains are binned at 200 μm for clarity. (c) and (d) are
scaled to match the images in (a) and (b). Scale bar is 200 μm. See Supporting Information, Figures S9 and S10 for n = 2−6.
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disorganized bundles (UM.1) (1008 ± 367 μm), and oriented
fibers (UM.2).
Confocal Elastography Reveals Strain Gradients

across the Enthesis. The mechanical behavior of the
enthesis was analyzed to understand how the enthesis performs
under physiologic loading conditions. To perform this analysis
on the tissue, deformations were applied with a piezoelectri-
cally actuated load frame and imaged on a confocal
microscope.48−51 For analysis, flattened, hydrated samples (n
= 6) were prestressed and submerged in PBS, a fluid that
possesses a similar ionic strength and osmolarity to biological
fluids, in a hydration plate. The hydration plate was mounted
into a load frame that sits on the top of an inverted confocal
microscope.48,51,54 Entheses were loaded at 3% cyclic tension
at a physiological strain rate (1 Hz), and videos of loading
cycles were recorded for n = 6 samples (Movies 7−12). Peak-
to-peak strain maps were created from videos using the digital
image correlation software19,55 and spatially correlated with
data from Raman images using features of the mineralized
tissue visible in both confocal fluorescence and Raman images
(Figure 2b,c). Visual analysis of strain maps reveals that strains
are highly localized to the soft tissue, consistent with the fact
that the bone has a much higher modulus than the soft tissue.
Furthermore, we observed the presence of highly localized
strains between the fibers in areas situated away from the
mineralized interface (Figure 4a−c). We also observed a
multiple order of magnitude increase in peak-to-peak strain
magnitude moving away from the mineralized interface,

evident by a logarithmic trend in strain magnitude (Figure
4d). As the compositional variation within this region does not
account for this logarithmic increase in strain (Figure 2c),
structural considerations within the unmineralized region of
the enthesis must significantly affect mechanical behavior.
Structural data (Figure 3) indicates that the collagen in the

soft tissue undergoes a change from disorganized bundles to
oriented fibers moving away from the mineralized interface.
Spatially, correlating the mechanical data with the structural
data, we observe that the strains in the disorganized bundle
region (UM.1) occur at magnitudes similar to the applied
strain, meaning that the mineral/matrix gradient can
appropriately mediate strains into the mineralized tissue.
Qualitative examination of loading movies indicates that
within the region of the oriented fibers (UM.2), strains
originate from fiber movements (Figure 4a,b, Supporting
Information, Figure S9). During loading, fibers can be
observed moving with respect to one another, rather than
moving as a unit (Movies 7−12). This behavior indicates that
the fibers are only loosely bound to each other, thereby
allowing for them to move individually, as we see deformations
within the tissue that do not entirely result from strains within
the fibers themselves (Figure 4a,b). These observations
indicate that the fibers are primarily translating and rotating,
rather than stretching, thus, allowing for large displacements to
occur without localizing strain to the disorganized bundle
region (UM.1). Given that strains in the region of the oriented
fibers region arise from structural considerations, such as the

Figure 5. Schematic view of the regional changes in the enthesis followed by the resulting mechanics. Regions are plotted to accurately reflect the
size and position of regions with respect to one another. Two compositional regions were found: mineralized (M) and unmineralized (UM) tissues,
which are separated by a mineral/matrix gradient (188 ± 56 μm). Five structural regions were found: open trabeculae (M.1), dense trabeculae
(M.2) (567 ± 266 μm), transitional region (M.3) (200 ± 126 μm), disorganized bundles (UM.1) (1008 ± 367 μm), and oriented fibers (UM.2).
Three mechanical regions were found: a stiff region, a homogeneous compliant region (1310 ± 506 μm), and a heterogeneous compliant region.
The first mechanical transition is dictated by the composition, whereas the second is dictated by the structure, as indicated. A corresponding
schematic of an enthesis is shown on the bottom in unloaded and loaded configurations. High structural strains develop in the region of oriented
fibers on the right during loading. Strains are reduced into the mineralized tissue, which gradually transitions into the porous tissue that extends
through the remainder of the bone in the proximal tibia. The fibrocartilaginous region is indicated by the star in the schematic.
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allowance for fiber translations and rotations, we have termed
them “structural strains”, thereby, differentiating them from
material strains.
To connect the size of these mechanical regions with the

structural changes we observed, we analyzed where the
structural strains begin to dominate the mechanical behavior
of the tissue. Quantitative measurement of this transition was
performed by normalizing strain as a function of distance from
the mineralized interface to the average global strain of the
strain map of each sample. The point at which the average
strain increased above the global strain was determined as the
transition location (Supporting Information, Figure S10). This
value was found to occur 1310 ± 506 μm from the mineralized
interface, matching closely with the value recorded for the
structurally derived disorganized bundle region (1008 ± 367
μm). The sizes of these regions agree, indicating that the onset
of the high structural strains arises from oriented fibers.
Further, given that the strain maps were derived from samples
under tension, we know that the disorganized bundle region
(UM.1) must transfer load. Therefore, we theorize that this
region (UM.1) is more homogeneously structured than the
heterogeneously organized oriented fibers region (UM.2).
These data suggest that the strains in the disorganized bundle
region (UM.1) are material strains, whereas those in the region
of oriented fibers (UM.2) are primarily structural strains.
Given the inverse relationship of strain and stiffness, our
mechanical analysis indicates that the mineralized region (M)
is much stiffer than the unmineralized region (UM), and that
the unmineralized tissue is mechanically comprised of a
homogeneous compliant region and a heterogeneous com-
pliant region corresponding to disorganized bundles (UM.1)
and oriented fibers (UM.2), respectively.
Enthesis Combines Structure and Composition To

Provide Mobility within the Tissue without Localizing
Strain at the Interface. Probing the tissue at a length scale
that matches the morphological variations observed through
histology allowed us to compare and localize composition,
structure, and mechanics in the meniscal enthesis (Figure 5).
We were able to spatially correlate these aspects of the tissue
by aligning regions we observed to be present in our Raman
and mechanical analyses, namely, the interface between
mineralized and unmineralized tissues (Figure 2b,c). Composi-
tionally, we observed a shift from mineralized (M) to
unmineralized (UM) tissue through a gradient in mineral/
matrix ratio, similar to mineral/matrix gradients observed in
other entheses found throughout the body.17,26,30,31 The
mineralized portion of the enthesis contains three distinct
structural regions (M.1, M.2, M.3) that result in a mechanically
stiff region, indicating that this mechanical transition is driven
by compositional changes at physiologic loads. Hypothetically,
structural changes in the mineralized tissue of the enthesis also
relate to local changes in mechanical behavior related to porous
and dense bone, but further measurements under non-
physiologic loading conditions would be required to explicitly
measure these changes. The unmineralized portion of the
enthesis possesses two structural regions (UM.1, UM.2) that
each result in different mechanical behavior, meaning that the
structure drives the mechanics within the unmineralized tissue
(UM) at physiologically relevant loads.23,56 Previous studies
have hypothesized that the mineral/matrix gradient in addition
to localized stiffness changes near the interface contribute to
the strengthening of the interface between the soft tissue and
bone at the microscale.18,20,30,31,57 For the first time, we

demonstrate a new mechanical mechanism, fiber sliding within
the soft tissue regions of this interface, and spatially correlate it
with a full picture of the structuring across the meniscal
enthesis.
We further postulate that these structurally defined regions

play individual roles pertaining to the bulk mechanics of the
enthesis. The oriented fibers (UM.2) of the heterogeneous
compliant region permit large displacements to occur within
the tissue in the form of structural strains due to fiber sliding.
We propose that this sliding phenomenon allows for lateral
movement of the meniscus without resulting in the high strains
this type of motion would impart into the interface between
mineralized and unmineralized tissues. The oriented fiber
region transitions into the disorganized bundles (UM.1) of the
homogeneous compliant region, which only allows for smaller
material strains. This region likely corresponds to the splayed
fibers previously identified in tendon entheses. We found that
the strain magnitude within this region logarithmically
decreases prior to the transition into the mineralized tissue
(M) (Figure 4d), which is consistent with previous hypotheses
regarding fiber splaying in the enthesis.16 Within the
mineralized tissue, previous mechanical studies on human
meniscal entheses using nanoindentation indicate that a
logarithmic increase in stiffness occurs within the first few
hundred microns moving into the mineralized tissue.20

Extrapolating this information onto our data implies that the
logarithmic strain response we observed would extend into the
mineralized tissue. We suggest that the mineral/matrix
gradient, marking the beginning of this stiffness increase in
the mineralized tissue, is of sufficient length to transition the
relatively low strains observed near the interface between
mineralized and unmineralized tissues to the further
mineralized regions. Subsequently, within the mineralized
tissue, the transitional region (M.3) appears to provide a
laterally continuous area of attachment for the disorganized
bundles (UM.1). The location of the transitional region (M.3)
is morphologically consistent with the calcified fibrocartilage,
as evidenced by the presence of chondrocyte lacunae visible in
confocal fluorescence images (Figures 2a,b and 3a,b). Past the
transitional region (M.3), a gradient in porosity from dense
trabeculae (M.2) to open trabeculae (M.1) blends the
interfacial tissue with the subchondral bone (Figure 5). The
porosity in these regions provides a location for the bone
marrow to reside but also decreases the bulk tissue stiffness, as
the bone marrow has a much lower stiffness than the bone.
The picture emerges that the oriented fibers (UM.2) of the

enthesis provide the meniscus with mobility for its role as a
shock absorber, localizing the high displacements required for
the meniscus to function to this region (UM.2). The
disorganized bundles (UM.1) splay into the mineralized
tissue16 and distribute load through a logarithmic decrease in
strain. The transitional region (M.3) marks the onset of
mineralized tissue and provides a laterally continuous region of
insertion for the disorganized bundles. The start of the
transitional region coincides with a local mineral/matrix
gradient, interfacing the mineralized and unmineralized tissues
before showing a continuing gradient in stiffness extending into
the mineralized tissue.20 The end of the transitional region
(M.3) corresponds to the onset of porous tissue, providing a
gradual structural transition into subchondral bone, while
simultaneously softening the stiffness gradient at a bulk tissue
scale. To extend the structures and mechanisms to other
engineered systems or mechanical models, we would need to
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calculate local elastic moduli for each of these regions.
Coupling our data with values from previous works, we can
speculate that a change in the stiffness of the oriented fibers
(UM.2) (10−100 MPa)20,27 should undergo a logarithmic
increase moving through the disorganized bundles (UM.1)
within the soft tissue regions. After which the tissue possesses a
gradient in mineral/matrix content (1−10 GPa),20,58,59 before
reaching the stiffness of calcified cartilage in the transitional
region (M.3) and finally to bone (∼20 GPa)22 within the
remaining mineralized regions (M.1, M.2). These values
represent the local material stiffnesses. While these stiffness
values are important with regard to binding soft tissue and
bone, we emphasize that structure also plays an important role
in enthesis functionality.
This work also provides insight into the nanoscale aspects of

the enthesis. As we believe the disorganized bundles region
(UM.1) corresponds to the splaying of fibers identified in
other entheses,16 we suggest that the difference in mechanical
behavior observed between the disorganized bundles (UM.1)
and oriented fibers (UM.2) relates to the nanoscale structuring
of the collagen in these regions. Previous studies have found
that the fibers of ligaments, tendons, etc. consist of type I
collagen, whereas the tissue near the interface between soft
tissue and bone is largely type II collagen.16,25 These collagens
self-assemble into fibrils of different sizes based on their type,
where type I collagen assembles into fibrils of larger diameters
(100s of nanometers) than type II collagen (10s of
nanometers).60,61 The apparent disorganized nature of the
disorganized bundles (UM.1) may result from the collagen
fibril type within this region, where these structures are
organized at the nanoscale but disorganized at the microscale.
Conversely the type I collagen results in larger fibrils,
generating the microscale organization observed in the region
of oriented fibers (UM.2). Collagen organization may have
further connotations in the location of mineral with respect to
collagen across the mineral gradient near the transitional
region (M.3). The distribution of the mineral with respect to
the collagen fibrils has been shown to be different at the
nanoscale, where the mineral is largely contained within the
interior of collagen fibrils in the bone and exterior to fibrils
farther along the gradient.62 Disorganized collagen bundles
may allow for the increased presence of mineral exterior to
collagen fibrils. Further, different concentrations of biomole-
cules associated with collagen cross-linking have been found
near the insertion versus the bulk of the enthesis.16 These data
may explain the fiber sliding phenomena we observed within
the region of oriented fibers (UM.2) versus the disorganized
bundles (UM.1), which we found to be necessary for enthesis
function. These nanoscale considerations may relate to the
overall mechanics of the enthesis, given that we find evidence
for a direct relationship between the structure and mechanics
of the enthesis within the soft tissue regions.
In addition to the nano- and microscale features we have

identified, larger scale features in the lateral directions,
including interdigitation between mineralized and unmineral-
ized tissues63 and between the calcified fibrocartilage and
bone,20 also provide further toughening mechanisms by
interlocking these tissues and providing an increased surface
area.63 These structural features act in concert to allow for
large displacements within the enthesis without localizing
strains to the interface between mineralized and unmineralized
tissues, thus, minimizing the presence of stress concentrators
between these mechanically dissimilar materials.

Our analysis of the enthesis was performed on neonatal
tissues, which are still developing. Although these structures
are functional, the size and/or presence of these regions may
change as the animals age. However, this study represents the
first of its kind to analyze the enthesis at this length scale,
ranging from the trabecular bone of the tibia to the oriented
fibers of the ligamentous tissue in the meniscal insertion.
Although few analyses have approached the construction of the
enthesis as it is addressed here, other studies have recognized
similar features to the structures we observed. For example, a
gradient in collagen organization and alignment was found
moving from the tendon to bone, likely highlighting similar
regions to the two structural regions we termed disorganized
bundles (UM.1) and oriented fibers (UM.2).31 Based on our
own observations and those from other studies, we believe that
these regions will remain present throughout the development
of the animals.25,26,64 However, we speculate that some of
these regions, particularly, the disorganized bundles (UM.1),
will shrink as the animal ages. In this framework, the oriented
fibers (UM.2) will begin to extend closer to the mineral
gradient between mineralized and unmineralized tissues during
aging, eventually directly representing the splayed fibers
previously identified.16,20 Therefore, the large size of the
disorganized bundle region (UM.1) we observed in these
samples may be a developmental aspect of the enthesis,
possibly indicating its importance when engineering such
structures.

■ CONCLUSIONS
Here, we have outlined a full view of the structure of the
enthesis, from the bone to oriented fibers in the bulk of the
attachment and correlated this structure with the mechanical
phenomena that aid in interfacial robustness. Our data
indicates that a robust soft tissue-to-bone interface requires
three components: mobile fiber units, a continuous interfacial
region, and a local stiffness gradient. Working in concert, these
components gradually dissipate stresses without localizing
stresses at the edges of pores, between fibers, etc. These
findings elucidate the mechanisms that prevent the buildup of
stress concentrators at the soft tissue-to-bone interface while
providing extensive mobility within the soft tissue. Implement-
ing these mechanisms in engineered constructs has the
potential to inform the production of interfacial tissue implants
and biomimetic materials junctions. Although a high degree of
focus has been placed on generating stiffness gradients for
interfacial engineering, our work shows that structural features
within the soft portions of the attachment are also necessary
for the interface function. Specifically, the presence of fibers
allows for lateral movement with respect to the interface, which
is particularly important to the meniscal function. More
attention should be paid to the development of hierarchical
fiber arrangements in future designs.6,9,65−67 Future work
should focus on examining the fibrillar structure of the collagen
in the soft tissue regions of the enthesis. Understanding the
mechanisms by which the enthesis assembles differently
structured but interconnected soft tissue regions would greatly
aid in our ability to construct similarly robust interfaces.
Further, by comparing the enthesis system to other biological
interfaces, such as the mussel byssus or the sutures of turtle
shells,68−70 we can identify whether nature has converged on
similar mechanistic principles for connecting soft and hard
materials. Overall, these data can be used to inform the design
and fabrication of interfaces between dissimilar material
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systems by utilizing the structural framework provided through
our analysis of the enthesis and dialing in appropriate moduli
for the application. These principles, learned from the
construction of the enthesis, constitute a new paradigm for
producing robust interfaces in artificial tissues, robotics,
prosthetics, and other engineered systems.

■ METHODS
Tissue Acquisition and Preparation. Enthesis samples were

explanted from 1 to 3 day old neonatal bovine legs from 12 different
animals (6 for Raman analysis and 6 for mechanical analysis) (Gold
Medal Packing Inc.). The medial caudal meniscal enthesis was
chosen, as it is the most commonly injured enthesis in the human
knee joint.71 Bovine stifle joints were disarticulated, and samples were
removed from the center of the enthesis by making cuts parallel to the
fibers. These samples were immediately frozen and embedded in
Optimum Cutting Temperature compound (Tissue-Tek). Blocks
were shaved using a cryostat (Thermo Scientific Mircom HM 550),
until the bone and ligamentous tissue interface was visible on the
tissue block. Resulting blocks were unfrozen immediately prior to
analysis by Raman microscopy or confocal elastography.
Histology. Enthesis samples were explanted in the same manner,

as described above. However, instead of cryosectioning, samples were
fixed in formalin, decalcified, and embedded in paraffin. Sections were
taken at 4 μm thickness and stained with Weigart’s hematoxylin
(Amresco) for 10 min and Picrosirius Red (Rowley Biochemical Inc.)
for 1 h. Slides were imaged on a microscope (Nikon Eclipse TE2000-
S) through an attached camera (Diagnostic Instruments, Inc. RTKE
Spot) in white light and under cross-polarized light.
Raman Microscopy. Raman analysis was performed for n = 6

samples. Tissue samples were thawed and glued to a Petri dish before
submersion in PBS. Raman imaging (Renishaw InVia Confocal
Raman microscope) was performed immediately after thawing.
Raman spectra were collected using a 532 nm laser (Cobalt Samba
500 DPSS Laser System) through a water immersion objective lens
that was also submerged in PBS with the sample. 10× (Leica, NA
0.30) and 63× (Leica, NA 0.90) dipping lenses were utilized for
mapping and collection of individual spectra, respectively. For
mapping, spectra were collected using a ∼4 × 0.5 mm2 grid at a 25
μm step size as the laser spot size was determined to be ∼25 μm in
diameter. Laser power was set to 200 mW and collected with a 1 s
integration time through a 600 l/mm grating on a charge-coupled
device detector.
Raman images representative of a given biological component were

generated using characteristic peak areas that had minimal overlap
with other components present in the meniscal enthesis: apatite
(950−980 cm−1), collagen (833−905, 1224−1296, 1439−1484,
2908−3028 cm−1), and lipid (1278−1326, 1423−1468, 2835−2870
cm−1).72,73 Area maps were converted to text image format and
further processed using FIJI.74 To reduce the noise and enhance the
image quality, all images of the peak area for a given component were
summed (with the exception of apatite). Final component images for
collagen, apatite, and lipids were stacked and processed as image
composites with LUTs assigned to the components (apatite: yellow;
collagen: red; lipid: cyan). The minimum was set to zero for each
component, and maximum intensity values were adjusted to both
eliminate saturated pixels and ensure simultaneous visualization of the
given components (apatite: 0−13 900, collagen: 0−144 000, lipid: 0−
60 600). The final composite image was converted to 24-bit red−
green−blue for portability and compatibility (Figure 2a and
Supporting Information, Figure S3).
Peak areas and peak area ratios for compositional and structural

analyses were calculated using the Renishaw WiRE 4 Software. All
negative peak areas were replaced with zeros, since a negative
calculated peak area indicates the lack of a peak. The mineral/matrix
ratio was calculated using the ratio of the ν1PO4

3− band to the amide
III band and was defined as 950−980/1224−1296 cm−1. A ratio of
these bands was chosen to allow for comparison between samples.
Due to the opacity of bone, the measurement of composition using a

single peak can be challenging.52,53 Further plotting of maps,
averaging of maps, histogram-based analysis, and FFT-based analysis
were performed using Mathematica. Maps were plotted and averaged
as a function of distance from the interface to measure the length of
the mineral/matrix gradient (Figure 2c and Supporting Information,
Figure S4). The start of the gradient was empirically defined as a
mineral/matrix ratio of 2 occurring before the interface, sloping to a
value of less than 0.1, which was defined as the end of the gradient
region.

Structural collagen maps were produced by mapping the 2908−
3028 cm−1 peak area (Supporting Information, Figure S5). The
distribution of peak area values for each map was divided into even
quintiles, and the maps were replotted using these quintiles to
normalize data across samples (Figure 3a,b and Supporting
Information, Figure S6). Quantiles were empirically established for
distinguishing pores and changes related to the topological
distribution of fibers. Quintile division was found to follow closest
to empirically established quantiles without requiring the division of
the distribution using uneven quantiles. Therefore, the quintile
division of CH peak complex area distribution was used to facilitate
the analysis of collagen structuring data (Supporting Information,
Figure S7). Maps were spatially binned into 200 μm (8 pixel) wide
columns beginning in the soft tissue regions of the enthesis and
extended back to the bony regions. Histograms of the quintile values
in these grids were produced and analyzed to determine textural
changes in collagen. Fingerprints of different regions were identified
from these histograms and used to determine changes in the structure
from quintile plots.

The analysis of orientation was performed using FFTs. A region
one-third of the size of the distance from the transitional region (M.3)
to the end of the image was utilized as a sliding window to measure
orientation using FFTs. The pixels of this window were first linearly
interpolated, and a Hann Window function, fitted to the dimensions
of the window, was applied to remove artifacts arising from boundary
effects (Supporting Information, Figure S8).75 Two-dimensional
FFTs were calculated for this window, and 2D FFTs were cropped
to only contain the center 50 × 50 pixel area (low-frequency area).
These images were then thresholded to remove pixels with intensities
below 0.5; the range of pixel intensities in each 2D FFT is from 0 to 1.
Images were rotated in 5° increments, and center two rows of pixels
were averaged. Maximum average pixel intensity was calculated as a
function of angle. This value was then divided by the average pixel
intensity at the angle orthogonal to the angle with the maximum
average pixel intensity and used as an orientation index. These values
were plotted, and the peak in the plot was determined as the onset of
the oriented tissue (Supporting Information, Movies 1−6 and Figure
S6).

Confocal Fluorescence Elastography. Strain analysis was
performed for n = 6 samples. Samples were stained with 5-DTAF
(ex/em 492/516 nm, Invitrogen), a general protein stain, for 60 min
and prestressed at 3 kPa for 30 min in PBS, calculated by measuring
the cross-sectional area of the bony portion of the enthesis tissue
block. Samples were mounted into a piezoelectrically actuated
microload frame with a hydration dish containing PBS.48,51,54 The
microload frame was placed on an inverted confocal microscope
(LSM 5 LIVE, Carl Zeiss Inc.) and imaged using a 10× objective and
a 488 nm laser. Samples were cyclically strained in tension at a 3%
peak-to-peak strain, defined as the total strain applied from the
minimum strain in a sinusoid to the maximum strain in a sinusoid, at
1 Hz around the gauge length of the soft tissue of the sample
(measured at the conclusion of prestressing). Confocal slice
thicknesses were ∼10−20 μm. Videos of loading cycles were recorded
at 20 frames/s using a high-speed camera (v7.1, Vision Research).
Videos were analyzed using FIJI to determine the start of the loading
cycle.74 Frame 10 was used as the peak of the sinusoidal loading cycle.
The Ncorr digital image correlation code, run through MATLAB, was
used to develop spatially correlated strain maps.55 For this analysis,
the reference configuration was defined as the first frame in the
loading video, and the deformed configurations consisted of the
following frames in the video of the loading cycle. A subset radius of
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15 with a subset spacing of 5 and a correlation coefficient of 1.2 was
used in the Ncorr software. Exx, Eyy, and Exy Langrangian finite strain
maps were developed for each sample. These maps were concatenated
into a single, stitched map of the entire enthesis region. These data
were loaded into R for analysis. The interface with the mineralized
tissue was visually identified, and data prior to that interface was
removed. Resulting strain maps were collapsed into average strain as a
function of distance from the calcified interface. These data were
binned in the direction of the interface. Variance and standard
deviation were calculated from the initial strain maps and binned in
the same manner. To determine the length of the homogeneous
compliant region, the average strain for the entire map was calculated,
and average strains as a function of distance were normalized to this
value. The point at which the normalized strain increased above 1 was
considered the point at which structural strains dominated the tissue’s
mechanical behavior. To generate semilog plots, the absolute value of
the average data from above was taken, and the log of that value was
calculated. These data were plotted as a function of distance from the
mineralized interface.
Image Display. To reduce the effects of stitching in confocal

fluorescence images (Figure 2b), image transparency was decreased to
60%, and stitched images were placed on the top of each other.
Resulting stitched image transparency was again decreased to 75%
and placed over a black background. For the remaining confocal
fluorescence images, transparency was reduced to 75% and placed
over a black background (Figure 4a and Supporting Information,
Figure S9). Brightness and contrast for confocal fluorescence images
used in movies (Supporting Information, Movies 7−12) were
autoadjusted using FIJI.74
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